Introduction
============

Directional cell migration toward a chemical cue (chemotaxis) is required for a variety of physiological and pathological processes including cancer metastasis, immune system response, and food scavenging and multicellular development in the model system *Dictyostelium discoideum* ([@bib3]; [@bib26]).

Chemotaxing amoeboid cells migrate on flat, 2D surfaces by using a repetitive sequence of shape changes involving the protrusion of frontal pseudopodia and the retraction of the back of the cell ([@bib61]; [@bib56]). When these cells are placed on elastic substrates embedded with fluorescent beads, one can measure the cell-induced gel deformation by tracking the displacements of the beads and subsequently calculate the stresses exerted by the cells on the substrate. The time variation of the length of the cells and the mechanical work they impart on their substrate (strain energy) exhibit strikingly simple spatiotemporal dynamics ([@bib2]), including a well-defined periodicity ([@bib56]; [@bib15]). These periodic fluctuations are coordinated into four broadly defined phases: protrusion of the cell's front (cell length, strain energy, and level of frontal F-actin increase), contraction of the cell's body (all three time records reach a maximum), retraction of the rear (decrease in all three time records), and relaxation (all three time records reach a minimum; [@bib45]; [@bib6]). Essential to the implementation of these phases are: the dynamics of the actin cytoskeleton and its associated cross-linking proteins, the regulation of the actin-myosin contraction, and the dynamics of the substrate adhesion sites ([@bib28]; [@bib31]).

In amoeboid-type locomotion, the directional dendritic polymerization of F-actin at the front creates a pseudopod that propels the edge of the cell forward ([@bib48]; [@bib35]). As the pseudopod advances, new substrate adhesions are formed that, on maturation, allow the cell to generate traction forces. Unlike less motile cells that adhere to their substrate through stable integrin-containing protein assemblies (focal adhesions), neutrophils and *D. discoideum* do not ([@bib21]; [@bib18]). Adhesion sites in *D. discoideum* (focal contacts) are more diffuse and transient ([@bib56]), making studying them relatively more challenging compared with slower moving cells such as fibroblasts ([@bib4]; [@bib25]). Mechanically, these sites connect the cell to its substrate and mediate the contractile traction forces that drive cell movement. Although it has long been established that these contractile forces are a prominent feature of amoeboid motility ([@bib15]), the precise mechanisms that control migration efficiency via the spatiotemporal coordination of the cellular traction forces are still unknown.

In this study, we investigate the fundamental questions of how amoeboid cells move by analyzing the dynamics of the active traction adhesions (TAs). "Mechanically active traction adhesions" or short "traction adhesions" are defined as the locations where the cell transmits traction forces to the substrate. We use Fourier traction force microscopy (FTFM) to quantify the dynamics of the traction stresses of chemotaxing cells with high spatiotemporal resolution. Stacking these measurements jointly in space and time, we constructed kymographs and examined the dynamics of amoeboid motility with an unprecedented level of detail. We demonstrate that *D. discoideum* wild-type cells achieve efficient migration by forming stationary TAs at their front and back halves while contracting inward axially (along the anterior--posterior \[AP\] axis) as well as laterally. When implementing this motility mode, the cell moves forward by periodically stepping from old to newly formed front TAs, whereas front TAs transition to back TAs as the cell moves over them. We show that this mode is prevalent during chemotaxis or when cells move persistently in the absence of a chemoattractant. We demonstrate, for the first time, that apart from the axial forces, lateral forces are important in cell motility and may not be associated with the periodic polymerization of F-actin at the leading edge and Myosin II (MyoII) contraction at the posterior. We found that cells migrating on adhesive substrates increase their lateral contractility in order to break adhesions and move, whereas cells with reduced actin cross-linking are unable to move on such substrates because they cannot increase their contractility substantially. On regular substrates, these less polarized mutant strains rely more on lateral contractions for their movement because their axial contractility is reduced and disorganized. Finally, we observed that neutrophil-like cells exhibit traction stress dynamics similar to those of *D. discoideum*, which suggests that the pattern of migration of amoeboid cells may be highly conserved.

Results
=======

Analysis of traction stress dynamics during cell motility
---------------------------------------------------------

When migrating on elastic 2D substrates up a chemoattractant gradient, wild-type cells move by exhibiting periodic elongations and contractions ([Video 1](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp1}; [@bib64]; [@bib15]). Moving cells exert traction forces on the substrate that localize, on average, to two or three diffuse areas, located along the cell's AP axis and are directed inward toward the cell's center ([Fig. 1 A, 1](#fig1){ref-type="fig"}; and [Video 2](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp2}). Hereafter, we refer to these areas as TAs because they are the location where the cell exerts traction stresses on the substrate.

![**Characterization of the dynamics of amoeboid motility with high spatiotemporal resolution.** (A) Traction stresses (force/area) and tension (force/length) for a representative cell at a given instant of time. Color bars at the right side of each traction stress map indicate stress values in \[Pa\]. (1) Color contours mapping the instantaneous magnitude of the traction stresses, $\left| \overset{\rightarrow}{\tau} \right|$, in the laboratory reference frame (*x~lab~*, *y~lab~*). The black contour shows the cell outline. The axes (*x*, *y*) are aligned with the cell's principal axes and their origin is located at the cell's center of mass (*x~c~*, *y~c~*). *V* indicates the cell's velocity and the black arrow shows the direction of motion. (2) $\left| \overset{\rightarrow}{\tau} \right|$ in a reference frame rotated to coincide with (*x*, *y*). Green arrows show the intensity and direction of the stresses. (3) Axial traction stresses, τ*~x~*. Stresses pointing toward the cell's front are considered positive and are shown in red while negative stresses are shown in blue. (4) Integral of τ*~x~* across the width of the cell (axial tension, *T~x~*) as a function of the position along its length. The horizontal axis displays the *T~x~* values in \[nN/µm\]. Positive and negative values are shown in red and blue, respectively. (5) Lateral traction stresses, τ*~y~*. Stresses pointing toward the right of the cell are considered positive and are shown in red, whereas negative stresses are shown in blue. (6) Integral of τ*~y~* across the width of the cell (lateral tension, *T~y~*) as a function of the position along its length. (B) Spatiotemporal kymograph of *T~x~*(*x*, *t*) as a function of the position along the cell trajectory, *x*, and time, *t*. At any given instant of time the centroid of the cell is displaced vertically according to its motion so that the cell is moving upward. The inclined red and black lines indicate the instantaneous position of the front and back cell edges. The black contours are cell outlines, shown every 20 s. The color map represents *T~x~* in \[pN/µm\], plotted every 4 s. Red or blue patches represent positive or negative values of *T~x~* and correspond to tensions aligned with the direction of cell motion or pointing in the opposite direction.](JCB_201307106R_Fig1){#fig1}

The traction stresses can be plotted in a reference frame where the horizontal and vertical axes (*x*, *y*) coincide with the minor and major axes of the cell, respectively ([Fig. 1 A, 2](#fig1){ref-type="fig"}), allowing the axial (along the cell's major axis) and lateral (perpendicular to the cell's major axis) components of the traction stresses to be examined separately ([Fig. 1 A, 3 and 5](#fig1){ref-type="fig"}). In this representation, the axial stresses are negative at the front TA (pointing in the negative y direction and directed inward toward the back of the cell) and positive at the back (directed inward toward the front; [Fig. 1 A, 3](#fig1){ref-type="fig"}). Similarly, because the cell is always contracting inward, the lateral stresses at the right and left sides of the cell are of opposite signs ([Fig. 1 A, 5](#fig1){ref-type="fig"}). Integrating the axial stresses across the cell width yields the axial traction tension along the cell's major axis ([Fig. 1 A, 4](#fig1){ref-type="fig"}). The integrated axial tension values are negative at the front half of the cell (blue, pointing toward the rear) and positive at the back half (red, pointing toward the front). Similar integration of the lateral stresses across the cell width does not add information because opposite lateral stresses balance out due to mechanical equilibrium ([Fig. 1 A, 6](#fig1){ref-type="fig"}).

Jointly stacking the measurements of the instantaneous axial tension ([Fig. 1 B](#fig1){ref-type="fig"}) in space (vertical) and time (horizontal) produces high-resolution 2D representations (kymographs) that depict the spatiotemporal patterns of the cell's TAs in the direction of movement. Using these kymographs, one can examine the time variation of the location and magnitude of the TAs along the AP axis of the cell (represented in the tension kymograph by the blue and red patches; [Fig. 1 B](#fig1){ref-type="fig"}). This graphical representation allows the easy identification of the different motility modes implemented by the chemotaxing cell, thus providing insight into the underlying mechanical regulatory mechanisms ([Fig. S1, A--D](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp3}). For example, if a front or back TA remains stationary as the cell body moves forward, then the corresponding blue or red patch will be horizontal (parallel to the time axis; [Fig. 2 A](#fig2){ref-type="fig"}).

![**S-S motility mode.** (A) Kymograph of the instantaneous magnitude of the traction stresses, $\left| \overset{\rightarrow}{\tau} \right|$ (upper part), and traction tension, *T~x~* (lower part), for a representative wild-type cell. The black arrow indicates pseudopod protrusion, followed by front TA formation (green arrow). The blue arrow shows the transition of the front TA to back and the red arrow points to the TA loss. The inclined red and black lines indicate the instantaneous position of the front and back cell edges. (B) Schematic representation of the time evolution of the magnitude and location of the TAs, illustrating the implementation of the S-S mode. A side view of the cell is shown as a cartoon for four instants of time and refers to the cell shown in A. The vertical axis indicates time and the horizontal axis depicts the cell location in the direction of motion. Front and back TAs are shown as blue and red ovals underneath the cell. Gray ovals represent weak, newly formed TAs or front TAs undergoing a transition in mechanical load and becoming back TAs. Blue and red arrows illustrate the direction of *T~x~* at the cell's front and back, respectively. Underneath each cartoon the corresponding *T~x~*(*x*, *t*) is plotted. The vertical axis of each plot indicates the scale for *T~x~* values \[nN/µm\]. Red or blue color indicates positive or negative *T~x~*.](JCB_201307106_Fig2){#fig2}

Wild-type motility is characterized by stable, stationary front and back TAs
----------------------------------------------------------------------------

We analyzed the spatiotemporal regulation of the stresses and dynamics of the TAs of wild-type cells using traction stress and tension kymographs. We observed that more than two thirds of the time wild-type cells implement one specific mode of TA dynamics (Fig. S1, A--D). In this mode, the blue (front TAs) and red (back TAs) patches remain horizontal, which indicates that both TAs remain stationary in space as the cell moves forward. [Fig. 2 A](#fig2){ref-type="fig"} shows that shortly after a new pseudopod forms (black arrow), the cell establishes a new TA under the nascent front pseudopod (green arrow). The "old" front TA now becomes the "new" back TA (blue arrow), while the "old" back TA is lost once the cell passes its position (red arrow). This switching of the front TA to a back (from blue to red) can be observed by following a blue patch horizontally and seeing how it fades gradually, and later on turns to a red horizontal patch in the kymographs in [Figs. 1 B](#fig1){ref-type="fig"} and [2 A](#fig2){ref-type="fig"}.

This quasiperiodic process is schematically illustrated in the diagram shown in [Fig. 2 B](#fig2){ref-type="fig"}, which depicts the cell's shape and the corresponding axial traction tension (*T~x~*) during a period of ∼80 s: the cell adheres actively in two regions, one at the front (F~1~) and one at its back (B~1~), while protruding a pseudopod ([Fig. 2 B, 1](#fig2){ref-type="fig"}). This pseudopod actively attaches to the substrate forming a new front TA F~2~, while the previous "stationary" front TA F~1~ now becomes the new back TA B~2~ and the previous back TA B~1~ weakens ([Fig. 2 B, 2 and 3](#fig2){ref-type="fig"}). At this point, the cell is attached at three TAs. As the cell continues to translocate forward, it moves over and through the B~1~ TA, the B~1~ site disappears at the posterior of the cell, and the cell actively attaches at only two TAs ([Fig. 2 B, 4](#fig2){ref-type="fig"}). This cycle repeats itself when the cell (with attachments at B~2~ and F~2~) starts protruding a new pseudopod at the leading edge ([Fig. 2 B, 4](#fig2){ref-type="fig"}). We named this mechanical mode of cell movement "stable-stable" (S-S) because the cell moves in a step-wise fashion, forming sequential TAs that remain stationary in space and stable in time ([Fig. 2, A and B](#fig2){ref-type="fig"}; and [Fig. 3 A](#fig3){ref-type="fig"}).

![**Wild-type cells implement the S-S mode periodically.** (A) Kymograph of the instantaneous magnitude of the traction stresses, $\left| \overset{\rightarrow}{\tau} \right|$ (upper part), and axial tension, *T~x~* (lower part), for a representative wild-type cell (the cell shown in [Fig. 2](#fig2){ref-type="fig"} corresponds to t = 100 s until t = 180 s). $\left| \overset{\rightarrow}{\tau} \right|$ and cell contours are displayed every 20 s. The dots superimposed on the front cell edge indicate the phases of the cycle. Black circles show pseudopod protrusion and front TA formation. Black arrows show TA loss and back cell edge retraction. The inclined red and black lines indicate the instantaneous position of the front and back cell edges. (B) Phase-average traction stress maps in the cell-based reference frame for the cell shown in A. Each column corresponds to a different phase. The first, second, and third rows show the magnitude of the total, axial, and lateral traction stresses, respectively, for each phase. The color patches indicate the magnitude of the traction stresses, and the arrows denote their direction. The white contours depict the average cell shape. The cell's front (F) and back (B) are indicated. For each phase, the mean duration (*T*), speed (*V*), axial and lateral force (*F~x~* and *F~y~*), and ratio of axial to lateral force (*F~x~*/*F~y~*) are displayed. (C) Box plots of the period of the oscillations of: the cell length, *T~λ~*~(*t*)~; strain energy, $T_{U_{s}{(t)}}$; and the position of the minimum and maximum *T~x~* at the cell's front and back with respect to its centroid, *T~F~* and *T~B~* (*n* = 8). Circles represent outliers, and the box plots' notched sections show the 95% confidence interval around the median. (D) Box plots of the relative time duration of each mode implemented by wild-type cells (*n* = 8). Red asterisks denote a distribution whose median is not 0 (P \< 0.05).](JCB_201307106_Fig3){#fig3}

For short periods of time, the front and, more frequently, back TAs are more dynamic and less localized in space ([Fig. S2, A and B](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp4}). During these transient events, two or more diffuse TAs often coexist in close spatial proximity, which results occasionally in their merging. In the tension kymographs, this dynamic behavior is captured when the slope of the broken lines that track the TAs becomes positive. By measuring the speed of the TAs (the slope of the broken lines) normalized by the speed of migration of the whole cell as a quantitative indicator (Fig. S1, A--D; see the Materials and methods section), we found that, on average, wild-type cells implement a well-defined S-S mode 63% of the time ([Fig. 3 D](#fig3){ref-type="fig"}).

To assess if the S-S mode is specific to chemotaxing cells undergoing a directional migration, we calculated the traction stresses of cells migrating randomly (without chemoattractant source). Because these cells move less persistently, forming new and multiple protrusions in different directions, it was not useful to analyze their dynamics using kymographs, which are most appropriate for polarized cells with TAs aligned with their AP axis (and thus the direction of movement). Nevertheless, by inspecting the instantaneous traction stress maps, we found that randomly migrating cells establish multiple TAs during their movement that are more dynamic, and weaker than those of chemotaxing cells ([Video 3](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp5}). However, when a TA is stronger, it appears to be more stable (Video 3, black arrows), and the cell temporarily polarizes, increasing the otherwise low ratio of axial to lateral forces (Video 3, inset). These findings suggest that the cell's potential to contract strongly axially and implement the S-S mode is associated with its ability to adopt a polarized shape and follow persistent movement.

The coordination of the front and back TAs is synchronized with the motility cycle
----------------------------------------------------------------------------------

[Fig. 3 A](#fig3){ref-type="fig"} and Video 1 show that wild-type chemotaxing cells modulate their length and strain energy periodically, implementing a motility cycle coupled to the turnover of the TAs that is comprised of four phases with distinct mechanical characteristics. Using previously described algorithms ([@bib45]), we analyzed our traction measurements by identifying these phases in each recording. We then plotted our measurements in a dimensionless cell-based coordinate system by calculating the major and minor moments of inertia of the cells and by rotating each cell to align its major axis with the horizontal axis with the cell's front in the positive direction ([Fig. 1 A, 1 and 2](#fig1){ref-type="fig"}). A dimensionless cell-based representation was then obtained by rescaling the coordinates with the length of the major cell semiaxis. This representation allows us to compute phase-average stress maps including data from many cells and different instants of time ([Figs. 3 B](#fig3){ref-type="fig"} and S2 D), which provide an average snapshot of the organization of the cell's traction stresses in each phase of the cycle.

To resolve the dynamics of the TAs during each phase of the motility cycle, we superimposed information about the phases on the kymographs using different colored dots at the front edge of each cell. The results show that the protrusion phase of the cycle is most often associated with the formation of a new front TA ([Fig. 3 A](#fig3){ref-type="fig"}, black circles). As shown in [Fig. 3 A](#fig3){ref-type="fig"}, while actively adhering at two TAs, the cell initiates protrusion of a new pseudopod during the relaxation phase (black dots; [@bib55]). The pseudopod then adheres actively during the protrusion phase (cyan dots), and during the following contraction phase (red dots), the mechanical stress increases on the new front TA as the cell reaches its maximum length and speed ([Fig. 3 A](#fig3){ref-type="fig"}). Concurrently, the previously front TA progressively unloads as the cell moves forward and the middle of the cell nears it. This stationary TA becomes the new back TA in the forthcoming retraction phase (green dots) while the back cell edge nears the site of the previous back TA, which eventually breaks with the back edge of the cell retracting forward (black arrows). The cell then becomes less elongated and its speed decreases (relaxation phase), and the first signs of the formation of a new protrusion and the reinitiation of a cycle appear. Consistent with previous descriptions, we found that the time records of the cell length (*λ*), strain energy (*U~s~*), and the position of the front and back TAs relative to the cell's centroid oscillate with roughly similar periods ([Fig. 3 C](#fig3){ref-type="fig"}), which suggests that all four time records are closely interrelated.

To determine what happens just before and after a TA is established or lost at the front or back half of the cell, we compiled average maps of the axial and lateral stress components for several wild-type cells, during these instants of time as well as 4, 8, and 12 s before and after ([Fig. 4, A and B](#fig4){ref-type="fig"}). Before the establishment of a new TA, we observed a local increase of the lateral traction stresses at the front half of the cells ([Fig. 4, A and C](#fig4){ref-type="fig"}). In marked contrast to the high front lateral stresses observed before the establishment of a new TA, we did not observe anything similar before the loss of a back TA ([Fig. 4, B and D](#fig4){ref-type="fig"}). This finding suggests that for the loss of the back TA, lateral stresses are not as important, and the cell's ability to contract axially probably facilitates the back TA loss.

![**Axial and lateral traction stresses during the establishment (and loss) of a TA.** (A and B) Average stress maps during the establishment (A) and loss (B) of a TA (*n* = 8 cells). Top and bottom rows display the color contours of the magnitude of the axial and lateral traction stresses, respectively. Columns 1--7 show the average stress maps in a time interval of 12 s before and after the TA establishment or loss, and *RA* denotes the mean ratio of peak axial to lateral stress. (C and D) Average peak front axial (blue), back axial (black), and lateral stresses (red) during the establishment of a front TA (C) and the loss of a back TA (D). Average values refer to the cells shown in A and B. u.a., unit area.](JCB_201307106_Fig4){#fig4}

Migration on highly adhesive substrates identifies a role for lateral contractions
----------------------------------------------------------------------------------

The localized increase in the lateral stresses exerted at the front half of wild-type cells before the establishment of a new front TA suggests that lateral forces could play a role in frontal pseudopod formation and forward movement. To investigate the importance of lateral stresses and to assess the role that the dynamics of the TAs play in migration, we analyzed the dynamics of the movement of cells on highly adhesive substrates coated with collagen and the polycation poly-[l]{.smallcaps}-Lys ([@bib31]; [Videos 4](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp6} and [5](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp7}).

While chemotaxing on highly adhesive substrates, the cells exhibit two motility modes, distinct from the S-S mode implemented on regular substrates ([Figs. 5 A](#fig5){ref-type="fig"} and [S3, A and B](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp8}). When plated on this surface, the cells are less polarized and contract strongly inward ([Fig. 5 A](#fig5){ref-type="fig"}). They then initiate slow movement that we named nearly stationary (NS) by producing strong lateral contractions equal to or larger than the axial ones ([Fig. 5 B](#fig5){ref-type="fig"}). The increase in the lateral contractility leads to an elongation of the cell's body and the protrusion of a pseudopod ([Fig. 5 A](#fig5){ref-type="fig"}, red arrow). Once the cell starts to move, it implements a mode we named "skipping" (SK), in which the cell becomes more polarized and does not form stationary front nor back TAs but instead forms numerous, weak, transient, and diffuse TAs along the cell's length, as if it is skipping along the substrate ([Fig. 5, A and D--I](#fig5){ref-type="fig"}). Cells sporadically slow down as they adhere more tightly to the substrate, whereupon they start to increase their strain energy (*U~s~*) until the adhesions are broken and the cells start to move again ([Fig. 5 A](#fig5){ref-type="fig"}, see NS (3) and SK (4)). Cells spend approximately half of their time strongly adhering and squeezing and half their time skipping ([Fig. 5 C](#fig5){ref-type="fig"}). Although the overall mean migration speed (*V*) of wild-type cells on adhesive substrates is considerably lower than on collagen alone, there are no major differences between the mean speed during the SK compared with the S-S mode ([Fig. S3, C and L](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp9}). However, unlike the S-S mode, we found that cells migrate on adhesive surfaces without undergoing major changes in their length (λ) nor their strain energy (*U~s~*; Fig. S3, I and J), as can be observed by the trajectories of the cell's front and back, which are parallel to the trajectory of the cell centroid ([Fig. 5 A](#fig5){ref-type="fig"}).

![**Traction force dynamics in wild-type cells migrating on adhesive substrates.** (A) Kymograph of the instantaneous magnitude of the traction stresses and axial tension for a wild-type cell chemotaxing on a highly adhesive substrate, showing that the cell alternates between the NS and SK modes. The inclined red and black lines indicate the instantaneous position of the front and back cell edges. (B) Left, middle, and right columns show the mean magnitude of the total, axial, and lateral stresses, respectively, in cell-based coordinates for the cell depicted in A during the NS (top) and SK (bottom) modes. (C) Box plots of the time duration of the NS (blue) and SK (red) modes (*n* = 9 cells). (D--I) Box plots of motility parameters corresponding to the NS and SK modes (*n* = 9 cells). Each parameter is normalized with its mean value for each cell. (D) Migration speed, *V*/*V*〉. (E) Aspect ratio, *AR*/*AR*〉. (F) Strain energy, *U~s~/U~s~*〉. (G) Axial force, *F~x~*/*F~x~*〉. (H) Lateral force, *F~y~*/*F~y~*〉. (I) Ratio of axial to lateral force, (*F~x~*/*F~y~*)/*F~x~*/*F~y~*〉. One or two asterisks denote statistically significant differences between medians (\<0.05 or \<0.01, respectively). (J) Table showing mean migration speed (*V*), aspect ratio (*AR*), cell area (*A*), strain energy (*U~s~*), axial and lateral force (*F~x~* and *F~y~*) for *n* = 11 cells on poly-L-Lys--coated substrate versus control (collagen only, *n* = 12).](JCB_201307106_Fig5){#fig5}

We found that the increase in lateral forces in the NS mode is approximately twice as high as the corresponding increase in axial forces, compared with the SK mode ([Fig. 5, B and G--J](#fig5){ref-type="fig"}). This increase in lateral forces appears to be important for the release of nonspecific cell--substrate adhesions. Overall, our findings are consistent with lateral stresses being important for migration under conditions of increased adhesiveness, and suggest that amoeboid cells sense their environment and respond by modulating the strength and organization of their traction stresses.

Defects in actin cross-linking result in improper distribution of traction stresses and TAs as well as a failure to move on adhesive substrates
-----------------------------------------------------------------------------------------------------------------------------------------------

F-actin cross-linkers are essential for maintaining the mechanical integrity of the actin cytoskeleton. They stabilize the leading edge F-actin network and contribute to maintaining cortical tension, functions that are required for chemotaxis ([@bib13]; [@bib53]). To understand their role in regulating the dynamics of axial and lateral contractions, we examined two strains with distinct defects in cytoskeletal F-actin cross-linking: myosin (MyoII) heavy chain null cells (*mhcA*^−^) and filamin (Abp120) null cells (*abp120*^−^). Assembled MyoII localizes to the lateral sides and posterior of cells and acts as both an F-actin cross-linker and a motor, which is important for the posterior contraction of the trailing edge ([@bib22]; [@bib57]). Filamin localizes to the leading edge F-actin and is required for stabilization of the pseudopod F-actin network ([@bib14]; [@bib33]).

In agreement with previous studies, we find that *mhcA*^−^ cells move slower than wild type, and both their strain energy (*U~s~*) and axial forces (*F~x~*) are decreased compared with those of wild type, whereas their lateral forces (*F~y~*) are comparable ([Figs. 6 D](#fig6){ref-type="fig"} and [S4 A](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp10}; [@bib45]). The decrease in axial contractility is illustrated in the phase-average stress maps of *mhcA^−^* cells ([Figs. 6 C](#fig6){ref-type="fig"} and S4 A), which also show that the stresses lack a clear front-to-back polarity but instead are exerted inward toward the cell's center from all around the cell's perimeter. The axial stresses are localized and are stronger at the front half of the cell, while they are weaker and spread over a larger area at the back half. These stress maps can be better understood through inspection of the tension kymographs, which show that *mhcA*^−^ cells form multiple TAs located along the cell's periphery ([Fig. 6 A](#fig6){ref-type="fig"} and [Video 6](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp11}). These peripheral TAs often colocalize with lateral pseudopodia ([Fig. 6 A](#fig6){ref-type="fig"}, red arrows) and have a strong lateral stress component ([Fig. 6 B](#fig6){ref-type="fig"}). The exact nature of these TAs cannot be easily assessed quantitatively, as they are multiple and not localized along the cell's AP axis, which is one of the limitations of the kymographic method. However, it is evident that the TAs ([Fig. 6 A](#fig6){ref-type="fig"}, black arrow) are occasionally stationary while the back cell edge is barely moving. This observation, together with the slower migration speed during their prolonged retraction phase, is consistent with the role of MyoII in promoting the contraction of the cell's posterior ([Fig. 6 A](#fig6){ref-type="fig"} and [Video 7](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp12}; [@bib31]; [@bib41]). Therefore, we conclude that MyoII cross-linking and motor activities are essential for the cell to contract axially and develop a polarized shape. In the absence of MyoII, cells are less polarized but can still migrate, in part, by actively adhering at multiple mostly stationary TAs and contracting relatively more laterally ([@bib23]; [@bib52]).

![**Traction force dynamics in *mhcA^−^* cells.** (A and B) Kymograph of the instantaneous magnitude of the traction stresses and axial tension for a *mhcA^−^* cell. Black and red arrows in A indicate stationary back and lateral TAs, respectively. A detailed view of the dynamics of the lateral TAs is shown in B, corresponding to the time interval indicated by the black box in A. Top, middle, and bottom rows show the magnitude of the total, axial, and lateral stresses, respectively. The inclined red and black lines indicate the instantaneous position of the front and back cell edges. (C) Same as [Fig. 3 B](#fig3){ref-type="fig"} but now corresponding to the *mhcA^−^* cell shown in A. (D) Same as [Fig. 5 J](#fig5){ref-type="fig"} for *n* = 8 *mhcA^−^* and *n* = 12 wild-type cells.](JCB_201307106_Fig6){#fig6}

We used *abp120^−^* cells to investigate the role of proper F-actin cross-linking at the leading edge in the dynamics of traction forces and the potential role of lateral traction in cells' motility. Similar to *mhcA*^−^ cells, *abp120*^−^ cells are less polarized and exhibit reduced axial forces (*F~x~*) compared with wild type ([Figs. 7 D](#fig7){ref-type="fig"} and S4, K and L). The stress maps of a representative *abp120*^−^ cell shown in [Fig. 7 A](#fig7){ref-type="fig"} demonstrate that on average these cells migrate by adhering actively on two sites that can be localized either along the cell's AP axis or along the lateral sides ([Fig. 7, A and B](#fig7){ref-type="fig"}; and [Video 8](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp13}). We found that the mean ratio of axial to lateral forces is lowest in the relaxation and protrusion phases ([Figs. 7 C](#fig7){ref-type="fig"} and S4 G). In accordance with this, the cell shown in [Fig. 7 A](#fig7){ref-type="fig"} is less polarized during relaxation (black dots), during which it initiates lateral squeezing through two TAs located along the periphery ([Fig. 7, A and B](#fig7){ref-type="fig"}). In protrusion ([Fig. 7, A and B](#fig7){ref-type="fig"}, cyan dots), the cell continues squeezing laterally while effectively protruding a pseudopod forward (black circles). Once the cell attaches its pseudopod to the substrate, it enters the contraction phase (red dots) and initiates back-to-front contraction that enables the cell to pull its back forward (retraction phase, green dots). We found that *abp120*^−^ cells lack localization of the *Lifeact* marker for F-actin near the cell's leading edge ([Fig. S5 A](http://www.jcb.org/cgi/content/full/jcb.201307106/DC1){#supp14}). Overall, these findings support a model in which *abp120*^−^ cells may use lateral squeezing to propel cytoplasmic material at the front and achieve forward movement, and that leading edge F-actin polymerization plays a reduced role.

![**Traction force dynamics in *abp120^−^* cells.** (A and B) Kymograph of the instantaneous magnitude of the traction stresses and axial tension for an *abp120^−^* cell. The black circles in A denote protrusion events. A detailed view of the pseudopod protrusion resulting from sideways squeezing is shown in B, corresponding to the time interval indicated by the black box in A. Top, middle, and bottom rows show the magnitude of the total, axial, and lateral stresses, respectively. The inclined red and black lines indicate the instantaneous position of the front and back cell edges. (C) Same as [Fig. 3 B](#fig3){ref-type="fig"} but corresponding to the *abp120^−^* cell shown in A. (D) Same as [Fig. 5 J](#fig5){ref-type="fig"} for *n* = 12 *abp120^−^* and *n* = 12 wild-type cells.](JCB_201307106R_Fig7){#fig7}

Unlike wild-type cells, when both mutant cells are plated on an adhesive substrate, they attach firmly to it, generating contractile traction stresses all around the cell periphery, and move much slower than on a regular substrate (Fig. S5, B, C, F, and G; [@bib31]). Contrary to wild-type cells that can increase their lateral contractility when migrating on an adhesive substrate, we found no difference in the mean axial and lateral forces (*F~x~* and *F~y~*) that the mutants exert on adhesive substrates compared with the control (Fig. S5, D, E, H, and I). This finding suggests that the extremely low velocity of the *abp120*^−^ and *mhcA*^−^ cells on highly adhesive substrates originates from their inability to modulate their traction stresses and generate sufficient lateral contractions to break the nonspecific adhesions with the substrate and initiate movement. The mutants generally adopt a rounder shape over time and eventually pop, possibly due to reduced tension needed to stabilize their cortex ([@bib13]; [@bib34]).

Stable front TAs in chemotaxing neutrophil-like cells
-----------------------------------------------------

To test whether the S-S mode we found in *D. discoideum* amoebae is a conserved mechanism of amoeboid chemotactic migration, we performed experiments on chemotaxing dHL60 cells. The traction stresses of these cells and of human neutrophils were documented previously ([@bib47]; [@bib30]; [@bib54]), but this is the first study that focuses on their dynamics. In accordance with previous work and similar to *D. discoideum*, neutrophils exert inward directed traction stresses ([Fig. 8, A and B](#fig8){ref-type="fig"}). [Fig. 8 A](#fig8){ref-type="fig"} shows the traction stress and tension kymographs for a chemotaxing dHL60 cell. Similar to *D. discoideum* cells, this neutrophil-like cell develops a stationary front TA and protrudes a pseudopod (black arrow). When the pseudopod actively attaches to the substrate (green arrow), a new front stationary TA is created (green arrow) while the previous front TA becomes the new back TA (red arrow). Our findings suggest that neutrophil traction stress dynamics share many similarities to those of *D. discoideum* and confirm that the kymographic representation can be a valuable tool for studying the migration of other amoeboid-type moving cell types.

![**Traction force dynamics in a dHL60 cell.** (A) Kymograph of the instantaneous magnitude of the traction stresses (top), axial stresses (middle), and axial traction tension (bottom) shown every 6 s for a chemotaxing dHL60 cell. The black arrow indicates pseudopod protrusion, followed by front TA formation (green arrow). The red arrow shows the transition of the front TA to the back. The blue arrow points to the back TA loss. The inclined red and black lines indicate the instantaneous position of the front and back cell edges. (B) Average maps of the magnitude of total (left), axial (middle), and lateral (right) traction stresses in cell-based coordinates for the cell shown in A.](JCB_201307106_Fig8){#fig8}

Discussion
==========

Stationary TAs are turned over in concert with the amoeboid motility cycle
--------------------------------------------------------------------------

During chemotaxis, cells translate the spatial information of the chemoattractant gradient into a series of spatiotemporally controlled intracellular signals ([@bib63]; [@bib59]). These, in turn, regulate the periodic generation of mechanical forces that mediate the movement of the cell up the chemical gradient, a process we and others have described as a motility cycle ([@bib62]; [@bib37]; [@bib15]). This cycle can be broadly divided into four phases during which wild-type *D. discoideum* cells exhibit periodic oscillations in cell length, axial contractility, and turnover of their TAs ([@bib45]). Previous studies suggested that amoeboid motility uses traction stresses caused by protrusion of the leading edge by F-actin polymerization and by retraction of the trailing edge by MyoII/F-actin contraction ([@bib24]; [@bib67]). Increased cytosolic pressure due to MyoII-mediated contractions has been proposed to play a role in amoeboid motility ([@bib36]). However, none of these observations alone can fully explain the mechanical processes underlying the cell's movement.

Using high-resolution stress maps obtained using FTFM techniques, we analyzed the dynamics of traction stresses of chemotaxing *D. discoideum* cells on flat 2D elastic substrates. We examined how wild-type cells regulate the formation and disassembly of their TAs in concert with the generation of axial and lateral contractility. By quantitatively analyzing and comparing wild-type to mutant cells with either F-actin cross-linking defects or those placed on adhesive substrates, we obtained new insights into how amoeboid cells move. Our findings in neutrophil-like cells suggest that the dynamics of the TAs found in *D. discoideum* may be conserved in a range of chemotaxing amoeboid-type cells.

We find that *D. discoideum* wild-type cells regulate their TAs in a step-wise fashion (S-S mode) in which the turnover of the TAs is tightly coordinated with the implementation of the motility cycle. When we juxtapose the phases of the motility cycle with the temporal dynamics of TAs during the S-S mode, we provide strong evidence that both processes are coregulated.

During persistent chemotactic migration of wild-type cells, the S-S mode is dominant 63% of the time. During the remaining 37%, the TAs are more dynamic and spatially dispersed, particularly at the back half of the cell. The resolution of our stress maps (∼1 µm in space and 4 s in time) makes it difficult to assess whether these multiple/diffuse TAs remain stationary while disassembling and reassembling at a high temporal rate, or if they continuously slide. Sliding of adhesions was proposed previously for other cell types whose cell--substrate adhesions were recorded using a fluorescent marker ([@bib5]; [@bib29]). The predominantly stationary nature of the TAs that we describe is consistent with previous studies visualizing the localization of ventral F-actin or the cell--substrate contacts ([@bib62]; [@bib66]).

We further investigated whether the S-S mode is specific for persistent movement in a chemotactic gradient or whether it also applies to randomly moving cells. We found that during random motility, cells are not polarized and establish multiple weak and dynamic TAs. This finding suggests that the implementation of the S-S mode is associated with the cells' ability to adopt a highly polarized shape and move directionally. It is possible that during random migration, the more dynamic, weaker TAs allow cells to readily change direction.

Evidence that lateral contractions are important for cell movement
------------------------------------------------------------------

Present and previous findings show that cells move at a fairly constant speed throughout all stages of the motility cycle, with cells moving only 20% faster during protrusion compared with relaxation ([@bib45]). Our studies using mutants with defects in F-actin cross-linking or MyoII contractility reveal that the ability of cells to strongly contract axially is linked to proper leading-edge F-actin polymerization and MyoII contraction, whereas lateral contractility is not affected. These findings suggest that leading edge F-actin polymerization and MyoII are not fully responsible for generating the forces for cell movement. Our observations of wild-type *D. discoideum* chemotaxing cells demonstrate that lateral forces squeezing inward (perpendicular to the AP axis) are approximately half the magnitude of the axial forces. The presence of lateral forces was documented previously for non-amoeboid cells such as keratocytes and fibroblasts ([@bib38]; [@bib8]; [@bib19]). They contribute to the detachment of adhesions and the retraction of the back of the cell while their emergence is explained by the action of the transverse actin-myosin fibers that terminate at the lateral flanks of the cell ([@bib8]). However, in our studies we observed a local increase of the lateral traction stresses immediately before the establishment of a new TA, which supports a role for lateral contractility in extending the pseudopod forward. Therefore, we suggest that these lateral forces may facilitate the development of pressure-driven protrusions that, along with anterior dendritic F-actin polymerization, are proposed to drive pseudopod protrusion and cell motility ([@bib36]; [@bib10]).

Further evidence of the importance of lateral contractility in cell motility is provided by our analysis of cells migrating on adhesive substrates. In this case, wild-type cells exhibit a bimodal chemotaxis behavior distinct from the S-S mode observed on regular substrates. Cells sporadically get "stuck" or move very slowly, developing lateral contractions that are often stronger than the axial. We hypothesize that there may be a mechanosensing positive feedback loop, whereby a cell increases the lateral stresses until the assumed buildup of internal pressure is released by the cell protruding a pseudopod as it releases the nonspecific TAs between the plasma membrane and the substratum. Consistent with this model, [@bib43] showed that in micropipette-aspirated cells, the greater the applied pressure, the higher the local accumulation of MyoII. It is possible that the increase in lateral stresses is due to the enhanced action of MyoII in response to the increased buildup of internal pressure. Once the adhesions are broken, the cell moves rapidly, appearing to "skip" along the surface while forming multiple, weaker TAs, thereby minimizing the interaction with the sticky substrate. Different motility modes characterized by varying speed or adhesion dynamics have been observed in other cell types ([@bib51]; [@bib29]). However, no previous studies have investigated the dynamics of traction stresses to identify and categorize how cells mechanistically move.

Cytoskeletal integrity is essential for efficient motility on normal and adhesive substrates
--------------------------------------------------------------------------------------------

Our analysis of mutant strains that lack distinct F-actin cross-linking proteins suggests the involvement of lateral contractions in amoeboid cell motility. Consistent with previous studies, we determined that, compared with wild-type cells, *mhcA*^−^ cells (which lack both MyoII cross-linking and motor activity) impart reduced strain energy to their substrate, and are incapable of applying strong axial contractions ([@bib7]; [@bib45]). The decrease in axial forces may be partially caused by defects in the architecture of the F-actin polymer network that result in cells with reduced cytoskeletal integrity and an increased number of lateral pseudopodia ([@bib64]). *mhcA*^−^ cells move by forming numerous, generally stationary TAs all along the cell's periphery, which often colocalize with the lateral pseudopodia. This is consistent with previous observations showing that convex extensions of the cell surface remain stationary as cells migrate ([@bib58]; [@bib16]). It is possible that the decreased axial versus lateral contractility observed in *mhcA^−^* cells may, in part, originate from the presence of lateral pseudopodia that exert higher lateral stresses through the action of other contractile proteins ([@bib52]).

We also found that cells lacking Filamin A (*abp120*^−^), an orthogonal F-actin cross-linker that localizes at the leading edge F-actin network and is important for cortical integrity, also have reduced axial contractility ([@bib13]; [@bib49]). Our analysis of the stress dynamics of *abp120*^−^ cells yielded findings consistent with a model in which pseudopod protrusion can occur, in part, through lateral contractions that generate sufficient turgor pressure to help push cytoplasmic material forward ([@bib11]; [@bib12]). It appears logical that *abp120*^−^ cells require a higher level of lateral contraction for the protrusion of the pseudopod than do the wild-type cells because they cannot effectively form an F-actin--driven pseudopod.

We find that disrupting MyoII contractility or the F-actin cross-linker Filamin A inhibits the ability of the cells to modulate their lateral contractility to break up attachments to the substrate and initiate forward motion on substrates of increased adhesiveness. This observation suggests that the ability of cells to contract strongly must rely in part on activity of contractile proteins and on the cytoskeletal integrity of the cells ([@bib31]). We have limited our study to *mhcA*^−^ and *abp120*^−^ cells but, given our observations, other proteins involved in contractility ([@bib39]; [@bib52]) and cytoskeletal cross-linking ([@bib32]; [@bib42]) must also contribute to the generation of axial and lateral contractility.

Amoeboid motility modes may be a highly conserved mechanism
-----------------------------------------------------------

Through experiments on chemotaxing neutrophil-like cells, we demonstrate that their traction stress dynamics are similar to those of wild-type *D. discoideum* cells. Our findings suggest there may be a common mode of amoeboid cell movement, or one that is used by cells as evolutionarily distinct as *D. discoideum* and neutrophil-like cells. It is plausible that we have uncovered a highly conserved mechanism that works in a similar fashion in a range of amoeboid cells, such as neutrophils, as well as other forms of cell motility.

Materials and methods
=====================

*D. discoideum* culture, preparation of aggregation competent cells, and microscopy
-----------------------------------------------------------------------------------

*D. discoideum* cells were grown under axenic conditions in HL5 growth medium on tissue culture plates. We used wild-type cells (Ax2 and Ax3), *abp120^−^* cells (generated from Ax2), and *mhcA^−^* cells (generated from Ax3) obtained from the Dicty Stock Center. We transformed all cell lines to generate lines expressing *Lifeact* (Abp140-GFP; [@bib50]), a 17-amino-acid peptide that binds F-actin. For all chemotaxis applications, cells were taken from axenic exponentially growing or "log-phase" cultures. These can be obtained by shaking cells in nutrient medium, in an autoclaved Erlenmeyer flask at 150 rpm, at 22°C overnight. The next morning the cells were counted using a hemocytometer to determine cell density. Aggregation-competent cells were prepared by pulsing a 5 × 10^6^ cells/ml suspension in Na/K phosphate starvation buffer (9.6 mM KH~2~PO~4~ and 2.4 mM Na~2~HPO~4~, pH 6.3) with cAMP to a concentration of 30 nM every 6 min for 6 h ([@bib44]). Cells were then diluted in Na/K phosphate buffer at low density (10^5^ cells/ml), and 200 µl of cells were seeded onto a flat elastic collagen-coated polyacrylamide substrate and allowed to adhere. A drawn glass capillary mounted on a micromanipulator served as the source of chemoattractant (150 µM cAMP in an Eppendorf femtotip).

We acquired images using an inverted microscope (TE300; Nikon) with a Plan Fluor 40× 0.6 NA air objective lens and a cooled charge-coupled device camera (HQ CoolSNAP; Roper Scientific). A PC running MetaMorph software (Molecular Devices) controlled the entire setup including filter wheels. For the image acquisition of the cells expressing the *Lifeact* marker, we used a spinning disk confocal microscope (DMIRE2 \[Leica\]; CSU10 \[Yokogawa Corporation of America\]) with a Plan Apochromat 40× 1.4 NA oil objective lens and a PC running Slidebook software (3I) to control the entire setup. The microscope was equipped with a piezo-Z actuator (ASI).

Culture of HL60 cells, preparation of DMSO differentiation of HL60 cells, and microscopy
----------------------------------------------------------------------------------------

Culture and DMSO differentiation of HL60 cells were performed as described previously ([@bib46]). In brief, undifferentiated HL60 cells were cultured in RPMI 1640 medium plus 1-glutamine and 25 mM Hepes cell culture medium supplemented with 10% antibiotics/ antimycotics (Invitrogen) and 15% heat-inactivated fetal bovine serum (Invitrogen).

For differentiation, 1.3% DMSO was added to the supplemented RPMI 1640 described previously, and 1.5 × 10^4^ cells were suspended in the medium. Cells were incubated with DMSO-containing medium for 5 d. On the fifth day, 2.6 × 10^4^ DMSO-differentiated HL60 cells (dHL60) suspended in 200 µl of RPMI 1640 cell culture medium were seeded onto a flat elastic fibronectin-coated polyacrylamide substrate and allowed to attach for ∼1 h. Before seeding with cells, we incubated the gels in cell culture medium for a minimum of 1 h at 37°C. A drawn glass capillary mounted on a micromanipulator served as the source of chemoattractant (1 µM fMLP in an Eppendorf femtotip).

For the image acquisition of the dHL60 cells, we used an inverted microscope (DMI3000 B; Leica) with a Plan Fluor 40× 0.7 NA air objective lens and a PC running Openlab software (PerkinElmer) to control the entire setup. The experiments were conducted at 37°C and the pH of the medium was stabilized by the 25 mM Hepes, pH 7.4, contained in the culture medium.

Polyacrylamide gel fabrication
------------------------------

12-mm-diameter and ∼40-µm-thick polyacrylamide hydrogels were prepared using 5% acrylamide and 0.06% bis-acrylamide (Young's modulus ∼1,200 Pa) on a glass carrier and were coated with 0.25 mg/ml collagen I and used as substrates for our cells ([@bib60]; [@bib17]). The gels consist of two layers: the bottom layer contains no beads, and the top contains 0.04% (by volume) carboxylate-modified red latex beads 0.1 µm in diameter (FluoSpheres; Molecular Probes). To improve the signal-to-noise ratio, the polyacrylamide gel was fabricated as two sequential layers, with the first containing no beads and the second containing 0.03% carboxylate modified yellow latex beads with a 0.1-µm diameter (FluoSpheres). The exact protocol we followed consisted of three steps described below.

### Lower glass coverslip treatment.

25-mm glass coverslips were placed on a hot plate and 500 µl of 0.1 M NaOH was added to cover the entire surface of the coverslips. Once the liquid evaporated, leaving a uniform, thin, white film of NaOH on the surface, the coverslips were removed from the plate and placed in a fume hood. The coverslips were covered with 100 µl of 3-aminopropyltriethoxysilane (APES) for 5 min and then rinsed thoroughly with distilled water. The coverslips were dried, and 100 µl of a premixed solution of 0.5% glutaraldehyde in PBS buffer was added to them and let stand for 30 min. The coverslips were then rinsed and dried to ready them for gel attachment.

### Preparation of the two gel layers.

The polyacrylamide gel consisted of two layers: the bottom containing no beads and the top containing 4 µl of 2% carboxylate modified yellow latex beads. Two solutions of 5% acrylamide and 0.06% bis-acrylamide were prepared using 12 mM Na/K phosphate starvation buffer, pH 6.3, as a solvent, and one contained 0.03% carboxylate modified red latex beads (Fluospheres). The solutions were placed on ice in a vacuum for 15 min to reduce dissolved oxygen. 0.8 µl of TEMED (cross-linker) and 1.2 µl of 10% APS (catalyst) were added to the solution containing no beads, and then 3.6 µl of the mixture was placed at the center of circular glass coverslips, which were positioned on top of the treated square coverslips to "sandwich" the polyacrylamide gel. When the gel polymerized (10--30 min), the second layer containing the tracker beads was added in a similar manner and some weight was placed on the top coverslip to make the bead-containing layer slightly thinner. The square coverslips with the two layers on top of them were then mounted into Petri dishes filled with 50 mM Hepes buffer, pH 8.5, using silicon grease (Dow Corning).

### Inspection of the gel and activation with Sulfo-SANPAH.

Gels were examined under the microscope to verify that the distribution of beads was uniform and that the layer of beads was confined in one focal plane (the uppermost). Otherwise they were discarded. We then cross-linked collagen I to the surface of the gels using Sulfo-SANPAH (Thermo Fisher Scientific; 1 mM in Hepes buffer, pH 8.5). After UV activation and washing thoroughly, 0.25 mg/ml collagen protein in Hepes was added and the gels were incubated overnight at room temperature. After washing the gels were stored with buffer (50 mM Hepes buffer, pH 8.5) and antibiotic (40 mM ampicillin) for use within a week. Substratum thickness was measured by locating the top and bottom planes of the gel and subtracting their z positions. The gels were stored in 4°C and could be used within one week.

To study the mechanics of cell motility on highly adhesive substrates, we used poly-[l]{.smallcaps}-Lys (20 mg/ml, mol wt 30,000--70,000; Sigma-Aldrich) mixed together with the collagen solution, while the rest of the steps in the protocol remained the same. The optimal concentration of poly-[l]{.smallcaps}-Lys that still allowed the cells to chemotax with decreased migration speed was determined empirically.

We slightly modified fabrication for seeding differentiated HL60 cells. Polyacrylamide hydrogels were prepared with 4% acrylamide and 0.15% bis-acrylamide (Young's modulus = ∼3,500 Pa) on a glass carrier. The upper layer in this case contained 0.04% carboxylate-modified green latex beads 0.2 µm in diameter (FluoSpheres), and the substrates were coated with 10 µg/ml bovine fibronectin (Sigma-Aldrich) overnight. Gels were prepared and coated with fibronectin the day before the experiment.

Cell identification
-------------------

We acquired differential interference contrast (DIC) images using a 40× air objective lens at 4-s intervals for *D. discoideum* cells and 6-s time intervals for HL60 cells. Time-lapse fluorescent confocal images were acquired using a 40× oil immersion lens at 12-s intervals. For each time point, z stacks along the cell height were also acquired with a z spacing of 1 µm (typically 15 images). We used a custom algorithm using MATLAB (MathWorks) to automatically identify the contour of the cells from the DIC images and the fluorescent confocal images ([@bib15]). In brief, in the case of the DIC images, imperfections were removed from the individual images using the average of the image series. A threshold was then applied to the resulting images to extract the most intense features, which were refined using two consecutive image dilations and erosions with structuring elements of increasing size. Details of the exact contour identification method can be found elsewhere ([@bib15]). For the fluorescent confocal images, the contour of the cell was found by setting a predefined, constant threshold. In the case of the fluorescent confocal images, we performed the 3D reconstruction (rendering) of the cell using IMARIS software (Bitplane).

The location of the centroid (center of mass; *x~c~, y~c~*), and the orientation of the major and minor moments of inertia (longitudinal and transverse axes) of each cell were calculated using standard MATLAB functions. We determined the front and back as the two parts in which the minor axis of inertia splits each cell, with the front pointing toward the direction of motion ([@bib15]).

Measurements of the substrate deformation
-----------------------------------------

As the cells apply traction forces, they induce deformations on the elastic substrate on which they attach. We measured the deformation of the substrate from the displacements of the fiduciary fluorescent beads embedded in the upper layer of the substrate. In brief, at each time interval we measured the 2D deformation of the substrate at each point using a technique similar to particle image velocimetry ([@bib65]; [@bib27]). We calculated the local deformation vector by performing an image correlation between each image and the unstretched reference image. We used interrogation windows of 16 × 16 pixels with a 50% overlap. Further details of this technique can be found in [@bib15] and in the supplemental [image analysis workflow](http://www.jcb.org/cgi/content/full/jcb.201307106/DC2){#supp15}.

Calculation of the traction stresses, strain energy, and construction of the axial tension kymograph
----------------------------------------------------------------------------------------------------

The traction stress (traction force per unit area) field exerted by the cells on the surface of the substrate was calculated from the measured deformation using in-house FTFM methods ([@bib15]; DynaCyte 1.0). These methods consist of solving analytically the elastostatic equation of equilibrium for a linear, homogeneous, isotropic, 3D body using a Fourier series and taking into account the finite thickness of the substrate (*h*), thus improving the accuracy of previous methods based on unconstrained FTFM ([@bib9]). The thickness of the substrate *h* was on average 40 µm, the measured Young's modulus *E* of the substrate was 1.2 kPa ([@bib6]), and the Poisson's ratio σ was assumed to be ∼0.45, as reported in previous studies ([@bib40]; [@bib17]; [@bib20]).

The boundary conditions used were as follows: no slip at the base of the substrate ($\overset{\rightarrow}{u}\left( {x,y,0} \right) = 0$, where $\overset{\rightarrow}{u} = u\overset{\rightarrow}{i} + v\overset{\rightarrow}{j}$), the displacements at *h*~0~ are $u\left( {x,y,h_{0}} \right) = u^{h_{0}}\left( {x,y} \right)$ and $v\left( {x,y,h_{0}} \right) = v^{h_{0}}\left( {x,y} \right),$ and the vertical stress is τ*~zz~* (*z* = *h*) = 0, since the density of the cells and the surrounding buffer are similar and the contractile fibers of the cytoskeleton tend to predominantly orient horizontally. We assumed periodicity in the horizontal directions. Thus the equations governing the displacement field for a linear, homogeneous, isotropic, 3D body of finite thickness are:$${\frac{\nabla\left( \nabla \cdot \overset{\rightarrow}{u} \right)}{\left( 1 - 2\sigma \right)} + \Delta\overset{\rightarrow}{u} = 0}.$$

We find the solution of the elastostatic equation using Fourier series:$$\overset{-}{\tau}\left( {x,y,z} \right) = {\sum_{\alpha = 1}^{\infty}{\sum_{\beta = 1}^{\infty}\hat{\overset{-}{\tau}}}}_{\alpha\beta}\left( z \right)e^{2\pi i\alpha x}e^{2\pi i\beta y}$$$$\overset{\rightarrow}{u}\left( {x,y,z} \right) = {\sum_{\alpha = 1}^{\infty}{\sum_{\beta = 1}^{\infty}\hat{\overset{\rightarrow}{u}}}}_{\alpha\beta}\left( z \right)e^{2\pi i\alpha x}e^{2\pi i\beta y},$$where *α* and *β* are the wavenumbers for the *x*, *y* directions and ${\hat{\overline{\tau}}}_{\alpha\beta}\left( z \right)$ and ${\hat{\overset{\rightarrow}{u}}}_{\alpha\beta}\left( z \right)$ are the complex Fourier coefficients for $\overline{\tau}$ and $\overset{\rightarrow}{u}$, which are functions of the vertical coordinate and are linearly related to the Fourier coefficients of the horizontal displacements measured at *z* = *h*~0.~ A mathematical derivation of the solution is provided in [@bib15].

Once the cell contour was determined from the DIC images, we identified the location of the major and minor second moments of inertia and the orientation of their axes. The traction stress field $\overset{\rightarrow}{\tau}\left( {x,y} \right) = \tau_{x}\overset{\rightarrow}{i} + \tau_{y}\overset{\rightarrow}{j}$ was then calculated ([Fig. 1 A, 1](#fig1){ref-type="fig"}) and rotated to make the cell's major axis parallel to the vertical direction at each instant of time. [Fig. 1 A](#fig1){ref-type="fig"} (2) shows the magnitude of the instantaneous traction stresses, $\left| \overset{\rightarrow}{\tau} \right|\left( {x,y} \right)$. In this new coordinate system, we calculated at each instant of time the axial traction tension by integrating the x component of the traction stresses across the cell width (minor axis, y direction), as shown in [Fig. 1 A](#fig1){ref-type="fig"} (3):
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The axial traction tension *T~x~*(*x*, *t*) defined this way has the dimension of force per unit length and typically is of the order of pN/µm. The tension kymograph was then constructed by stacking different temporal measurements and plotting *T~x~*(*x*, *t*) in two dimensions, with *t* in the horizontal axis and the position in the vertical axis ([Fig. 1 B](#fig1){ref-type="fig"}). This representation allows for a detailed quantitative analysis of the coupled evolution of shape changes and the location and magnitude of the traction forces during migration with high temporal resolution.

To investigate how directed contractility contributes to the cell motility, we decomposed the traction force vector exerted by the cell on the substrate into its axial and lateral components *F~x~* and *F~y~*. We then define the axial and lateral contractility *F~x~* and *F~y~* as:$$F_{x} = \frac{\left| F_{f} \right| + \left| F_{b} \right|}{2}\,\text{and}\, F_{y} = \frac{\left| F_{l} \right| + \left| F_{r} \right|}{2},$$where *F~f~* and *F~b~* are the surface integrals of the axial traction stresses exerted by the cell in its front and back halves, respectively, while *F~l~* and *F~r~* are the surface integrals of the lateral traction stresses that the cell exerts at its right and left halves (relative to the cell's major axis):$$F_{f} = {\int\int_{\text{x} > 0}\tau_{x}}\left( x,y \right)dxdy\,\text{and}\, F_{b} = {\int\int_{\text{x} < 0}\tau_{x}}\left( x,y \right)dxdy$$$$F_{l} = {\int\int_{y > 0}\tau_{y}}\left( x,y \right)dxdy\,\text{and}\, F_{r} = {\int\int_{y < 0}\tau_{y}}\left( x,y \right)dxdy.$$

Note that *F~f~ = −F~b~* and *F~l~ = −F~r~*, as the inertia of the cell is negligible and the cell is always in static equilibrium. We calculate at each instant of time the strain energy (*U~s~*) as the mechanical work per unit area done by the cell to deform its substrate:$$U_{s} = \frac{1}{2}{\int_{S}{\overset{\rightarrow}{\tau}\left( {z = h} \right) \bullet \overset{\rightarrow}{u}\left( {z = h} \right)dS}},$$where $\overset{\rightarrow}{u}$ is the measured displacement vector field on the free surface of the substrate and $\int_{S}{{()}dS}$ represents a surface integral. Further details of the calculation of the traction stresses have been provided previously ([@bib15]; [@bib1]).

Cell-based reference system, average traction stress maps, and phase-average splitting
--------------------------------------------------------------------------------------

The shape and the orientation of the cells constantly change in the laboratory reference. Thus, to perform statistical analysis over long periods of time and over many different cells, we represent the instantaneous traction stress fields in a cell-based, dimensionless coordinate system (*x/a*, *y/α*). The cell-based representation involves aligning the longitudinal major axis of the cell with the horizontal axis, with the cell's front always pointing in the positive direction ([Fig. 1 A, 1 and 2](#fig1){ref-type="fig"}), and rescaling all the length dimensions with the half cell length *α*. The centroid of each cell (*x~c~*, *y~c~*) is positioned at the origin of the cell-based coordinate system. Details of the cell-based coordinate system can be found elsewhere ([@bib15]; [@bib1]; [Figs. 3 B](#fig3){ref-type="fig"} and S2 D).

We used conditional statistics to characterize the mean traction stresses exerted by the different cell lines during the four phases of their motility cycle. The phase-average stress maps were calculated from instantaneous maps of traction stresses after arranging the experimental time-lapse data series by phases. The sorting procedure is based on conditional statistics applied to the time record of the length of the cell, *λ*(*t*). First, we manually selected the peaks and valleys of each cell length time record. Then, a computer algorithm automatically divided each cycle of *λ*(*t*) into four phases: phase 1, protrusion (when the length is increasing); phase 2, contraction (when the length is maximal); phase 3, retraction (when the length is decreasing); and phase 4, relaxation (when the length is at a local minimum). This previously described algorithm ([@bib45]) worked by applying the following adaptive threshold on *λ*(*t*):$$Phase\left( t \right) = \left\{ \begin{matrix}
{1\,\text{if}\,\alpha\left( {\lambda_{max} - \lambda_{min}} \right) < \lambda\left( t \right) - \lambda_{min} < \left( {1 - \alpha} \right)\left( {\lambda_{max} - \lambda_{min}} \right)\,\text{and}\, t_{min} < t < t_{max\prime}} \\
{2\,\text{if}\,\left| {\lambda_{max} - \lambda_{min}} \right| < \alpha\left| {\lambda_{max} - \lambda_{min}} \right|,} \\
{3\,\text{if}\,\left( {\lambda_{max} - \lambda_{min}} \right) < \lambda\left( t \right) - \lambda_{min} < \left( {1 - \alpha} \right)\left( {\lambda_{max} - \lambda_{min}} \right)\,\text{and}\, t_{max} < t < t_{min\prime}} \\
{4\,\text{if}\,\left| {\lambda\left( t \right) - \lambda_{min}} \right| < \alpha\left( {\lambda_{max} - \lambda_{min}} \right)} \\
\end{matrix} \right.,$$where *t~min~* and *t~max~* are the instants of time associated with the nearest local minimum and maximum of λ(*t*), *λ~min~* = λ(*t*~min~), and *λ~max~* = λ(*t*~max~). Once a phase had been assigned to each time point of our time-lapse experiments, we calculated the average maps of traction stresses based on the conditions that *Phase(t)* = 1, ... 4. The threshold needs to be 0 \< α \< 0.5 to avoid overlap of adjacent phases and was set to α = 0.2. The selection of a threshold for separating the motility cycle into stages was shown to have a negligible effect on the phase-averaged traction maps ([@bib45]).

Analysis of the different cell motility modes
---------------------------------------------

At each time point, we estimated the position of minima and maxima of the axial traction tension *T~x~* at the front (blue indicates negative traction tension) and at the back (red indicates positive traction tension) of the cell by calculating the centers of gravity of the fourth power of the positive and negative axial traction tensions. The resulting time records of the positions represent the trajectories of the front and back TAs of the cell. These trajectories were smoothed out using a triangular convolution kernel, and their time derivatives were calculated using a second-order finite difference scheme. These time derivatives represent the speeds of the front (*V~F~*) and rear (*V~B~*) TAs of the cell. The mean speed of the cell centroid was obtained (*V~CM~*〉) using the same numerical procedures, and we normalized *V~F~* and *V~B~* with *V~CM~*〉. The magnitude of the normalized speeds *V~F~*/*V~CM~*〉 and *V~B~/V~CM~*〉 was used to determine the dynamics of the TAs. When *V~F~* or *V~B~* are near zero, it means that the corresponding TA remains stationary (fixed in space). The spikes in these signals are associated with discontinuities in the trajectories of the front and back TAs and thus indicate the establishment or loss of a new TA at the front or back half of the cell, respectively (for further explanation see Fig. S1, A--D).

Using the axial tension kymographs and the calculated values of the normalized speeds of TAs, we established a semiautomatic criterion to identify the distinct motility modes. We assumed that normalized TA speeds \<0.5 suggest stationary TA sites (Fig. S1 D, open circles). Intermediate normalized speeds between 0.5 and 1 (Fig. S1 D, asterisks) are associated with more diffused, occasionally multiple and temporally dynamic TAs. Finally, normalized speeds \>1 are associated with spikes in the signals caused by the appearance or disappearance of TAs. Points between spikes are counted and if the majority have normalized speeds \<0.5, the corresponding TA is considered stationary, whereas if the majority have normalized speeds between 0.5 and 1 the corresponding TA is classified as dynamic. Thus, four different modes can arise from this classification: (1) S-S, when both front and rear TAs are clearly stable and stationary, (2) stable-dynamic (S-D), when the frontal TA is clearly stable but the rear is more diffused and is either continuously sliding or stationary but has a turnover rate comparable with the experimental time resolution (4 s); (3) dynamic--stable (D-S), and (4) dynamic--dynamic (D-D).

In the case of wild-type cells migrating on highly adhesive substrates coated with poly-L-Lys, we followed a similar method to identify the motility modes. In this condition, cells were observed rapidly creating and destroying TAs, resulting in spikes at the normalized TA speeds (Fig. S3 B). When that occurs, the specific mode is characterized as SK. Asterisks or circles between spikes are counted. If the majority are asterisks the TA is classified as SK, and if not, it is considered stable. We noticed that the vast majority of time the cell barely moves but the TAs are stable. Thus, we named this second case of S-S mode NS.

Average stress maps during the establishment or loss of TAs
-----------------------------------------------------------

To gain insight into what happens just before a TA is established at the front half of wild-type cells, we identified these events by tracking the spikes in the speed of the location of maximum tension at the front half of the cells (*V~F~*). Because wild-type cells predominantly move using the S-S motility mode, each spike corresponds to the establishment of a new TA at the front of the cells. We then compiled average maps of the axial and lateral components of the stresses for several wild-type cells 4, 8, and 12 s before and after these spikes. In a similar manner, to elucidate what happens on average just before a TA is lost at the back half of the cells, we identified these events by tracking the spikes in the speed of the location of maximum tension at the back half of the cells (*V~B~*). We then compiled average maps of the axial and lateral components of the stresses for several wild-type cells 4, 8, and 12 s before and after these spikes.

Online supplemental material
----------------------------

Fig. S1, related to [Fig. 2](#fig2){ref-type="fig"}, illustrates how the motility modes of chemotaxing wild-type *D. discoideum* cells on regular collagen-coated substrates are identified. Fig. S2, related to [Fig. 3](#fig3){ref-type="fig"}, shows the traction stress and tension kymographs of a representative wild-type cell that is not implementing the S-S mode as well as the phase-average traction stresses during the motility cycle of Ax2 wild-type cells. Fig. S3, related to [Fig. 5](#fig5){ref-type="fig"}, illustrates the dynamics and statistics of motility modes in wild-type cells migrating on highly adhesive substrata. Fig. S4, related to [Figs. 6](#fig6){ref-type="fig"} and [7](#fig7){ref-type="fig"}, depicts the phase-average stress maps and motility statistics of *mhcA^−^* cells and *abp120^−^* cells compared with wild type. Fig. S5 illustrates that *abp120^−^* cells show no F-actin localization on regular collagen-coated substrates and that both *abp120^−^* and *mhcA^−^* cells are unable to migrate on substrates additionally coated with poly-L-Lys. Video 1, related to [Fig. 3 A](#fig3){ref-type="fig"}, shows the time evolution of the traction stresses and the corresponding progressive emergence of a tension kymograph for a chemotaxing wild-type *D. discoideum* cell. Video 2, related to [Fig. 3](#fig3){ref-type="fig"}, illustrates the 3D shape changes and traction stresses of a chemotaxing wild-type cell. Video 3 shows the time evolution of the traction stresses in the laboratory reference frame during wild-type random migration. Video 4 refers to [Fig. 5 A](#fig5){ref-type="fig"}, and indicates the traction stresses and the emergence of the tension kymograph for a chemotaxing wild-type cell migrating on a highly adhesive substratum. Video 5 refers to [Fig. 5](#fig5){ref-type="fig"}, and shows the 3D shape changes and traction stresses of a chemotaxing wild-type cell on a highly adhesive substratum. Videos 6 and 7 refer to [Fig. 6](#fig6){ref-type="fig"}, and depict the traction stresses and corresponding tension kymograph for a representative chemotaxing *apb120^−^* cell, and the 3D shape changes and traction stresses of another representative chemotaxing *apb120^−^* cell, respectively. Videos 8 and 9 refer to [Fig. 7](#fig7){ref-type="fig"}, and demonstrate the traction stresses and corresponding tension kymograph for a representative chemotaxing *mhcA^−^* cell, and the 3D shape changes and traction stresses of another representative chemotaxing *apb120^−^* cell, respectively. The image analysis workflow and associated original data in the JCB DataViewer document the image processing steps used to derive the data shown in [Fig. 2 A](#fig2){ref-type="fig"}, [Fig. 3 A](#fig3){ref-type="fig"}, and Video 1. Online supplemental material is available at <http://www.jcb.org/cgi/content/full/jcb.201307106/DC1>. Additional data are available in the JCB DataViewer at <http://dx.doi.org/10.1083/jcb.201307106.dv>.
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